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ABSTRACT Intrinsic heterogeneities, represented as domain formations in biological membranes, are important to both the
structure and function of the membranes. We observed domain formations in mixed lipid bilayers of dipalmitoylphosphatidylcho-
line (DPPC), dilauroylphosphatidylcholine (DLPC), and cholesterol (chol) in a fluid environment using an atomic force
microscope (AFM). At room temperature, we demonstrated that both microscopic and nanoscopic domains coexist and the
DPPC-rich domain is ~1.4 nm higher than the surrounding DLPC-rich membrane areas as a consequence of intrinsic phase
differences. DPPC-rich microscopic domains became larger as DPPC concentration increased. In cholesterol-free mixtures,
nanoscopic DPPC-rich domain sizes ranged from 26 to 46 nm depending on phospholipid concentration. Domain size varied
between 33 and 48 nm in the presence of cholesterol (0 < [chol] =< 40). The nanoscopic domains were markedly fragmented
near [chol] = 0.135 and appeared to fuse more readily into microscopic domains at higher and lower [chol]. By phase balance
analyses we demonstrated phase behavior differences between a free-vesicle GUV system studied by confocal light
microscopy and a supported membrane system studied by AFM. We propose a new three-dimensional phase diagram
elucidating the effects of a solid substrate support on lipid phase behavior relevant to complex membrane phase phenomena in

biological systems.

INTRODUCTION

Biological membrane heterogeneities are responsible for
processes as diverse as the formation of membrane domains
with or without lipid phase separations. One subset of bio-
logical membrane heterogeneities termed detergent-resistant
membranes (DRMs) or rafts (Anderson and Jacobson, 2002;
Simons and Ikonen, 1997), are characterized by their resis-
tance to cold, nonionic detergents such as Triton X-100.
These rafts are involved in biological processes such as mem-
brane fusion, signal transduction, and virus release at the cell
membrane level (Lang et al., 2001; Ono and Freed, 2001;
Sheets et al., 1999; Stefanova et al., 1991). Biochemical
studies demonstrate that membrane rafts are rich in sphingo-
lipids, phospholipids, and cholesterol, as well as glycophos-
phatidylinositol (GPI)-anchored and other proteins. At
physiological temperatures it has been proposed that rafts
are liquid-ordered phase domains (cf. Brown and London,
2000). Although data from detergent solubility studies con-
firm the existence of rafts and their modifications by intrinsic
and extrinsic factors, the mechanisms involved in raft
formation, behavior, and structure remain to be elucidated.
Mixed lipid bilayers are excellent model systems for lipid
distributions involved in membrane rafts. Well-defined mix-
tures can provide physical chemical insights relevant to na-
tive biological membrane systems. Supported lipid bilayers
and giant lipid vesicles assayed by techniques such as fluo-
rescence microscopy (Dietrich et al., 2001; Hwang et al.,
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1995) and x-ray and neutron diffraction (Bedzyk et al., 1988;
Koenig et al., 1996) have been used to both visualize and
elucidate lipid phase behavior and phase separations.
Although lateral phase separations are detectable by these
techniques, many structural characteristics of phase domains
remain to be elucidated. Recently, atomic force microscopy
(AFM) has been used to study lipid mixtures, in the form of
vesicles and membranes, and biological structures at very
high spatial resolution with minimal sample manipulation or
preparation. AFM has been used to directly visualize living
cell membranes and submembraneous structures (Braet et al.,
1998; Nagao and Dvorak, 1998; Henderson et al., 1992;
Swihart et al., 2001; Ushiki et al., 1999), membrane protein
structures (Kaasgaard et al., 2002; Muller et al., 2000;
Takeyasu et al., 1996) as well as the domain structures of cell
membranes (Giocondi et al., 2000) and mixed lipid mem-
branes (cf. Dufrene et al., 1998 and Tokumasu et al., 2002).

We report here an AFM study of the phase properties
of domains using three component mixed lipid bilayers
composed of 1,2-dipalmitoyl-sn-glycero-3-phosphocholine
(DPPC), 1,2-dilauroyl-sn-glycero-3-phosphocholine (DLPC),
and cholesterol (chol), whose overall phase behavior as
giant unilamellar vesicles (GUVs) was previously studied
by confocal fluorescence microscopy (CFM) (Feigenson
and Buboltz, 2001). The GUV study demonstrated a rela-
tionship between phase behavior and domain separation
at a resolution of ~400 nm. In addition, using fluorescence
resonance energy transfer (FRET) (Feigenson and Buboltz,
2001) proposed that nanoscopic domains may exist where
domain separation could not be resolved by conventional
CFM. Here we report the coexistence of microscopic and
nanoscopic domains and quantitative analyses of nanoscopic
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domains, as small as ~25 nm. We also describe the
dependence of microscopic domain size on cholesterol
concentration and a theoretical treatment of phase balance of
supported lipid bilayers that amplifies the previous report
on GUVs. Our results provide new insights into membrane
physical chemistry relevant to cell membranes in a native
environment.

MATERIALS AND METHODS
Materials

Phospholipids were obtained from Avanti Polar Lipids, Inc. (Alabaster, AL)
and cholesterol was purchased from Nu Chek Prep (Elysian, MN). Purity of
>99.5% was confirmed by thin-layer chromatography on washed, activated
silica gel plates (Alltech, Deerfield, IL) developed with chloroform/
methanol/water (65:25:4) for both phospholipids and with petroleum
ether/diethyl ether/chloroform (7:3:3) for cholesterol. Phospholipid stock
solutions were quantified by phosphate assay (Kingsley and Feigenson,
1979).

Vesicle and supported lipid membrane
preparation

Multilamellar lipid dispersions were prepared by rapid solvent exchange,
essentially as described by Buboltz and Feigenson (1999), but with a some-
what simplified procedure. Phospholipids and cholesterol were dissolved in
50-100 ul chloroform at concentrations of 50—-100 nmol and placed in
13 X 100 mm screw-cap culture tubes. PIPES buffer (5 mM PIPES, 200 mM
KCl, and 1 mM EDTA, pH = 7.0), 0.5-1 ml was added, and a vacuum of
~23 torr was applied to the tubes for 10 min while vortexing to remove the
organic solvent. The tubes were sealed under argon, heated to 50°C for 2 h,
and slowly cooled to 23°C over a 12 to 20 h period.

Large unilamellar vesicles (LUVs) were prepared from the multilamellar
vesicles with a mini-extruder (Avanti) containing two layers of 100 nm-pore
size Nucleopore polycarbonate membranes (Corning, Corning, NY). Extru-
sions were performed for 50 cycles in the same PIPES buffer at 49°C, a
temperature at which both phospholipids are in the fluid phase. The size
homogeneity of vesicles prepared by this method has been described (Jin
et al., 1999; Pencer et al., 2001). After extrusion, the vesicle suspensions
were placed in an 8400 cm’-styrofoam box (wall thickness ~5 cm) con-
taining ~3.5 L of ~50°C water and allowed to equilibrate overnight to room
temperature.

Supported membrane bilayers were prepared from LUV suspensions as
described previously (Tokumasu et al., 2002). In brief, a 5 ul portion of
a freshly prepared LUV suspension was applied onto freshly cleaved mica,
incubated for 30 s and washed with the PIPES buffer. Excess fluid was
removed and the sample was placed in a liquid cell attached to a Multimode
AFM (Digital Instruments, Santa Barbara, CA). The sample was equilibrated
in the same extrusion buffer for 20-30 min before imaging. We used the
liposome adsorption method instead of the alternative Langmuir-Blodgett
(LB) surface film deposition method (see e.g., Diociaiuti et al., 2002), to
prepare supported membranes of various three-component mixtures. The
liposome adsorption technique is more reliable for easier establishment,
maintenance, and control of a known lipid mixture ratios and symmetry
between the two leaflets in the resulting surface bilayers. In contrast, the LB
method is better for the preparation of supported monolayers and for making
bilayers that are asymmetric between two leaflets.

Atomic force microscopy

Imaging was performed using tapping mode at room temperature at
a scanning rate of 1.5 Hz with a Multimode AFM and a Nanoscope Illa
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controller (Digital Instruments), a Type D scanner (max scanning range: 10
pm X 10 uwm) and silicon nitride DNP probes (Digital Instruments), having
a nominal spring constant of 0.58 N/m. A controlled environment chamber
was used to minimize perturbations from the temperature increase of the
piezo scanner that normally occurs during imaging (Tokumasu et al., 2002).
The tapping frequency was ~8.7 kHz. Soft tapping was maintained by
keeping the ratio of cantilever oscillation amplitudes before and after probe
engagement of the sample surface (A4y,/4o) at ~8.8 (Magonov et al., 1997).
Images were acquired and stored in either 512 X 512 or 512 X 256 pixel-
element formats and converted to uncompressed linear 8-bit gray scale TIF
format for further analyses. Domain size measurements were made using
Image Pro Plus version 4.5 (Media Cybernetics, Silver Spring, MD) and
numeric data were exported to Microsoft Excel for modeling and statistical
analyses. Statistical analyses of domain size distributions and phase balance
analyses were carried out using Origin version 5.0 (OriginLab, North-
ampton, MA) and Mathcad version 8.0 (Mathsoft, Cambridge, MA),
respectively. Probe-tip size estimates were performed as described
(Bustamante and Keller, 1995) using tobacco mosaic virus (TMV). The
membrane domain size was calculated with a correction for tip-induced
broadening using a step-height sample model (Takeyasu et al., 1996).

RESULTS
Mixed lipid bilayers form domains

The coexistence of a microscopic DPPC-rich ordered gel
phase and a DLPC-rich disordered liquid-crystalline phase
in GUV membranes have been demonstrated by confocal
fluorescence microscopy (CFM) and fluorescence resonance
energy transfer (FRET) measurements (Feigenson and
Buboltz, 2001). Although CFM data showed micrometer-
size phase separations, nanoscopic domains were not de-
tected as they are below the lateral resolution limit of the
CFM. However, FRET analyses implied that three-compo-
nent lipid mixtures can form nanoscopic domains at certain
mixture ratios (Feigenson and Buboltz, 2001). Therefore, we
studied by AFM these specific mixture ratios to determine if
nanoscopic domain structures could be identified.

We use two parameters to describe sample composition,
xpppc (the mole fraction of DPPC of all phosphatidylcho-
lines: PC) and Y., (the mole fraction of cholesterol in the
total mixture). Fig. 1 shows AFM images of a DLPC/DPPC/
chol (xpppc = 0.7 and xchot = 0.189) mixed lipid bilayer
with structural domains. This lipid concentration is near the
center of region D described by Feigenson and Buboltz
(2001) where free GUV membrane is thought to contain
only nanoscopic, but not microscopic, domains. Here we
observed both nanoscopic domains and some intermediate
size domains (100 nm < diameter < 1 wm). The domains were
distributed over the entire membrane surface and showed
a heterogeneous size distribution with the intermediate size
domains predominating at the edges of the membrane pat-
ches. In contrast, nanoscopic domains, with an apparent size
of ~50 nm, showed a more random distribution than larger
domains. The contours of the larger domains are rough and
have a more irregular shape. Similar domain border structures
have been reported (Milhiet et al., 2001; Sikes and Schwartz,
1997; Yuan and Johnston, 2001). Analyses of membrane
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FIGURE | Domain formation in a multi-component lipid mixture. (a)
Representative example of membrane domains formed by a DLPC:DPPC =
3:7, Xchot = 0.185 mixture at room temperature. Bright and dark membrane
regions represent DPPC-rich and DLPC-rich domains, respectively. Note
that both micro- and nanoscopic domains coexist throughout the membrane.
(b) Height analysis of membrane thickness measured in the rectangular box
shown in a, selected so that three height components are clearly shown. A
multi-peak Gaussian model was used to identify the substrate, lower, and
higher domains on the basis of diffuse optical density differences. The lipid
membrane heights were estimated relative to the substrate peak set to zero.
(c) Larger image (5 wm X 10 um) of @ showing higher membrane coverage.
The larger domains preferentially formed at edges are clearly shown. The
full height gray scale is 35 nm for both ¢ and ¢; and the x-y scales are
denoted by the 1 wm bars. The supported bilayer for this lipid composition is
in the region D of the free GUV phase diagram (Fig. 6) where nanoscopic
domains were predicted.

height profiles revealed two Gaussian distributions with
peaks at ~4.3 nm and ~5.5 nm, representing DLPC-rich and
DPPC-rich domain regions, respectively (Fig. 1 b). The
interdomain difference in membrane thickness was ~1.2 nm,
consistent for both nanoscopic domains and submicrometer
size domains. These thickness measurements are in good
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agreement with both x-ray diffraction and neutron diffraction
data on pure DPPC (~6.0 nm) and DLPC (~4.2 nm)
membranes (Balgavy et al., 2001; Nagle and Tristram-Nagle,
2000; Cevc and Marsh, 1987). In high coverage areas, mem-
branes clearly showed both nanoscopic as well as submi-
crometer size domains (Fig. 1 ¢). Nanoscopic domain size
appears to be similar in large patches or in nearly intact single
bilayers; larger domain size is not restricted by the size of the
membrane patch that typically reached our AFM scan size
limit of 5 X 10 wm. Our AFM data demonstrate that in ad-
dition to the microscopic domains visible in CFM, nano-
scopic domains do indeed exist below the resolution limit
of CFM and can be observed directly by AFM.

DLPC and DPPC mixtures

The previous study of GUVs (Feigenson and Buboltz, 2001)
demonstrated that phase separation patterns varied depend-
ing on the DPPC/DLPC/chol mixture ratios. They also
showed that no CFM-observable phase separation occurred
at certain lipid mixture ratios (cf. Fig. 2 d) as expected. We
imaged multiple samples with different lipid compositions
both with and without cholesterol to determine how domain
formation is controlled by lipid mixture ratio. AFM images
(Fig. 2) in cholesterol-free conditions (xypppc = 0.2, 0.5,
0.8), show a mixed architecture of nanoscopic and mi-
croscopic domains, similar to CFM images at equivalent
DPPC concentrations. At low Ypppc, large DPPC-rich do-
mains were observed only at the edges of the membrane
whereas small nanoscale domains were present throughout
the surrounding membrane areas (Fig. 2 @). In contrast, CFM
images showed a homogeneous distribution of DLPC and
the distributions of the two phospholipids were uniformly
intermixed (Fig. 2 d). When ypppc Was increased to 0.5 (Fig.
2 b), a larger number of predominately DLPC-rich areas
were still observed. In contrast to CFM images where a
DLPC-rich phase occupied larger areas (Fig. 2 e), AFM
demonstrated that domains existed not only at membrane
edges but also within membrane regions. More nanoscopic
domains appeared although significant growth of larger
DPPC-rich domains was not observed. In addition, weaker
attachment of the membrane to the mica substrate was
noticed during sample preparation. These data imply that the
phase behavior changed. At ypppc = 0.8, significantly more
microscopic membrane domains were seen by AFM (Fig. 2
¢), and nanoscopic domains with diameters of ~46 nm were
still dispersed throughout all membrane areas. We were
unable to identify domain-like structures in either DLPC or
DPPC single-lipid samples at room temperature (data not
shown). Therefore, as in free GUV membranes, phase coex-
istence occurs for a range of ypppc. However, CFM images
show that a DPPC-rich phase region occupies a larger frac-
tion of the membrane area than was seen by AFM at all
corresponding DLPC/DPCP mixtures. These data fortify the
concept that supported membranes contain both nanoscopic
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FIGURE 2 Comparisons of domain formations seen by AFM and CFM at
Xchot = 0. (a) At 20% DPPC: 80% of DLPC, microscopic domains formed
only at the edges of the membrane. () A membrane containing 50% DPPC
showed a slight increase in domain area. (¢) At 80% DPPC, the area
occupied by DPPC-rich domains markedly increased. (¢) A CFM image
corresponding to at Ypppc = 0.2 did not show any domains; the distribution
of the two lipids molecules appeared to be homogeneous. (e) In contrast to
the AFM image in b, the CFM image at ypppc = 0.5 showed a clear phase
separation with a larger DLPC-rich phase (~70%, represented as L) than
a DPPC-rich phase (~30%, represented as P). However, the DLPC-rich
phase is still continuous. (f) The CFM image at ypppc = 0.8 showed that the
DPPC-rich phase has become larger (~80%) and more continuous. The
membrane coverage in a—c is of a partial bilayer to nearly a perfect bilayer
and scale bars for d, e, and fare 5 um.

and microscopic domains, but exhibit phase behaviors
quantitatively different than unsupported GUVs. In all cases,
higher membrane domains present a flat surface and none of
our AFM samples showed nanoscopic DLPC-rich domains
contained within larger DPPC-rich structures.

Phospholipid and cholesterol mixtures

AFM images of phospholipid-chol mixtures showed domain
structures that are markedly influenced by the cholesterol
concentration (Fig. 3). At xcnhot = 0 and xpppc = 0.6, large

Biophysical Journal 84(4) 2609-2618

Tokumasu et al.

Xoepc= 0.6

Cholesterol

FIGURE 3 Cholesterol changes microscopic domain size. (¢) Micro-
scopic domains occupied ~50% of a cholesterol free membrane; (b)
domains disrupted into smaller units of less than 1 um (xcnor = 0.135). (a)
‘When Xchol = 0.189, medium size domains disappeared and micrometer-size
domains and small nanoscopic domains reappeared. These data suggest that
the membrane is not in a first-order transitional state at yno =0.135 and the
nanoscopic domains predominate. Membrane coverage exceeded one full
bilayer in ¢ and b. The difference between domain appearance in the first and
second membrane bilayer may reflect the differences in support from the
mica surface.

domains with micrometer size diameters occupied ~50% of
the membrane area (Fig. 3 ¢). However, at .o = 0.135 and
xpppc = 0.6, the large domains dissociated into small
domains with diameters of ~46 nm and into medium size
clusters with diameters of several hundreds of nm; no
domains with diameter larger than ~1 um were found (Fig.
3 b). This fragmentation of nanoscopic domains is especially
clear in the second membrane layer over the mica surface
(Fig. 3 b). When x.p, Was increased to 0.185, small domains
with diameters of ~43 nm still existed and a few micro-
scopic domains could be seen (Fig. 3 ). These data imply
that micrometer-size domain structures at Y.n,o1 = 0 were
disrupted by the addition of cholesterol and that the mem-
brane was in a transitional state near Y, = 0.135. Con-
sequently, we predict that there may be a diffuse intermediate
region near Yo = 0.135 along a line of ypppc = 0.6,
corresponding to the region D reported by Feigenson and
Buboltz (2001) . The domain structures at Ycno = 0.135
observed by AFM would appear homogeneous at the re-
solution limits of CFM. A similar domain pattern over Xchol
was also observed along the line of ypppc = 0.7 (cf. Fig. 1).

Quantitative analyses of nanoscopic domains

To elucidate the relationship between lipid mixture ratio and
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domain formation, we quantified nanoscopic domain size
distributions. Various domain sizes varying from nanometers
to micrometers were observed. However, as the larger do-
mains have been analyzed by CFM, we concentrated on the
smaller domains (=100 nm) revealed by AFM. This
approach allowed us to clarify the structural characteristics
of the fundamental domain units which give rise to mac-
roscopic domains.

We used a multi-peak Gaussian model to obtain the peak
domain sizes for each distribution (Table 1). All domain size
data were corrected for broadening in lateral dimensions due
to AFM tip geometry (See Materials and Methods). The
average domain size was 42.4 = 3.5 nm with the exception
of xpppc = 0.5, where peak domain size was 25.8 = 0.6 nm
(Fig. 4). The distribution at ypppc = 0.5 was relatively large
(28.3 = 1.0 nm), but only 11% of the total fell within the
42.4 * 3.5 nm range.

Cholesterol-containing samples at two different Ycnor
(0.135 and 0.189) also showed similar domain sizes (44.6 =
3.3 nm, Table 1). The change in domain size was small for
xpppc = 0.6 whereas ~4 nm changes occurred between
Xchol = 0, 0.135, and 0.189. In contrast, at ypppc = 0.7, the
peak domain size increased from the cholesterol-free state
by as much as ~10 nm when Y01 = 0.135 and decreased
by as much as ~7 nm when X0 = 0.189. At ychot = 0.4 and
xpppc = 0.7, peak domain sizes decreased to ~33 nm (data
not shown). These relatively large changes in nanoscopic
domain size and the AFM images showing a breakdown in
micrometer-size domains near y.o = 0.135 indicate that at
least three different states exist along the ypppc = 0.6 and
xpppc = 0.7 isoclines with respect to cholesterol concentra-
tion. Considering the full distribution (Fig. 4), nanoscopic
domains for various concentration mixtures show significant
overlap in diameters size that are centered between 25 nm
and 50 nm.

Phase balance in DPPC/DLPC mixtures

AFM data were used to determine the classical phase
coexistence boundaries by quantifying the phase partition

TABLE 1 AQuantitative analyses of nanoscopic domain sizes

Xorec (%) xpppc (%) Xchot (%) ~ Domain size (nm) — +/— N
90 10 0 39.6 0.44 807
80 20 0 45.7 0.95 614
50 50 0 25.8 0.58 345
40 60 0 423 0.47 131
30 70 0 38.4 0.63 374
20 80 0 46.0 2.38 395
40 60 13.5 46.2 0.23 300
30 70 13.5 48.4 0.19 1416
40 60 18.9 42.8 0.60 283
30 70 18.9 41.1 0.52 1191

The nanoscopic domain size for each sample was measured directly and
analyzed using a multi-peak Gaussian model. Domain sizes of the fit
(£SD).

2613
Phase Region
A ]
[ B |
F
5
)
b T
>
& [4]
of
A Q.Q E?-
Iy

FIGURE 4 Histograms of nanoscopic domain size distributions at Xcho1 =
0 showing the frequencies of all nanoscopic domains with sizes of less than
100 nm. Domain size at ypppc = 0.5 decreased abruptly to ~26 nm from
~46 nm (Table 1) and gradually increased again to ~46 nm. Probable phase
regions are shown in pink and green.

between the detected high and low phase areas. For
a classical first-order transition with two-phase consistence,
a phase balance exists that allows a consistency check of the
equilibrium and a determination of the composition of the
two phases. For two-phase coexistence between A (DPPC
composition x) and B (DPPC composition y), we express the
fraction of phase A, FA, (e.g., DPPC-rich gel phase) as
a function of the DPPC mole fraction of the sample, xp,

FAXx+ (1 —FA)Xy=xp, wherex<py,<y. (1)

Therefore, we can determine two-phase fraction values, F'4,
and FA,, at their respective DPPC mole fractions, yp; and
Xp2» and can calculate:

_ X1 X (1 = FA;) — xp, X (1 = FA))
FA, X (1 — FA,) — FA, X (1 — FA))
_ Xp1 X FAy — xpy X FA,
FA, X (1 —FA,) — FA, X (1 — FA,)’

y @)
The x and y values determine the phase coexistence
boundary. When there are multiple data sets of {FA, xp},
a vector plot of { FA} versus {xp} should result in a straight
line. The goodness of fit of a regression of this line shows the
degree of consistency to classical two-phase equilibria.
Furthermore, the intercept of the regression provides the
error weighted estimate of the phase compositions, (x, y).
For DLPC and DPPC mixtures, GUV studies showed
a classical coexistence region between a more disordered
DLPC-rich phase and a more ordered DPPC-rich phase
between DPPC molar fractions of 0.3 and 0.8 (Feigenson and
Buboltz, 2001). When we analyzed the GUV images, we
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corrected the spherical geometry pixel by pixel to convert the
data into two-dimensional projections of the actual surface
areas. We excluded a small edge region from the estimate to
minimize associated conversion errors. For both AFM and
GUV images, appropriate cutoff values were selected to
differentiate between competing phases. We assumed that
the relative area for each phase approximates the molar
fraction of the phases (see Discussion for quantitative
estimate). The deduced DLPC-rich fraction follows a straight
line as required by the phase balance rule (Fig. 5). The
intercepts of the regression lines yield (XpLpc-rich, YDPPC-rich)
= (0.28, 0.87) (Fig. 5), where xpLpc-rich T€presents the mole
fraction of DPPC in the DLPC-rich phase, and are consistent
with the Feigenson and Buboltz (2001) interpretation. Near
the center of the GUV phase coexistence region, our AFM
phase balance measurements also follow a straight line (Fig.
5). This suggests that a phase structure similar to that
described for GUVs also exists for mica-supported mem-
branes. The corresponding intercepts yield (XpLpc-rich,
YppPpC-rich) = (0.46, 0.89). The combined AFM data demon-
strate that the phase boundaries shifted markedly along the
zero cholesterol line.

DISCUSSION
Domain formation patterns

We observed spontaneous domain formations with mixtures
of three lipid components and quantified the domain size
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FIGURE 5 Phase balance analyses of membranes imaged as GUV by
CFMand AFM. The DPPC molar fraction (ypppc) and DLPC-rich phase
area fraction (FA) are plotted. (#) Areas obtained from GUV images after
their 3-D areas were converted to 2-D projections. (®) Area fractions
measured in AFM images. These plots were calculated as linear regressions
and their x-axis intercepts at DLPC area fractions of 0 and 1 were considered
as phase boundaries. We expect to see only a DLPC-rich phase at xpppc =
0.28 for GUV and xpppc = 0.46 by AFM. Similarly, only a DPPC-rich
phase should be seen at ypppc = 0.87 for GUV and xpppc = 0.89 by AFM.
The AFM-derived intercept at F4 = 1 is shifted toward a higher ypppc
value; a much smaller shift is seen at 4 = 0.
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distributions. Interestingly, the domains showed a flat, step-
like structure with a height of 1.42 * 0.24 nm for various
mixture ratios. The factors that could cause these height
differences include 1), carbon chain length differences (C16
in the case of DPPC versus C12 for DLPC); 2), tilt angle
of the acyl chains; and 3), interdigitation between the two
bilayer leaflets. The diameter of domains range from
nanometer (25-50 nm) to submicrometer and up to micro-
meters. Larger domains were often found connected to the
edge of the membranes patches. However, the majority of the
nanometer scale domains occurred not only at the edge of the
membrane, but also throughout the middle of DLPC-rich
domains. This may be because 1), nanoscale domains are
freer to move laterally in the membrane; 2), the domains fuse
and/or move away from each other; and/or 3), they are
kinetically trapped in a DLPC-rich phase. We did not ob-
serve any domain-like structures (lower height domains) in
the higher DPPC-rich domains. If such domains exist, they
must be very small and hidden by the presence of taller
lipid molecules covering or blocking the AFM probe tip
from detecting recessed domains. A further discussion of
this domain pattern is embodied in the new phase diagram
below.

Proposed phase diagram

By collating AFM and CFM data sets, we constructed a new,
three-dimensional phase diagram for supported lipid mem-
branes (Fig. 6).

For the first part of the phase diagram, we consider the
case of DLPC and DPPC mixtures without cholesterol. Our
data show that both microscopic and nanoscopic domain
sizes changed dependent upon relative lipid concentrations.
A marked drop in nanoscopic domain size at ypppc = 0.5
along the x.no1 = O isocline and morphologically different
microscopic domains suggests that another phase boundary
exists between ypppc = 0.2 and ypppc = 0.5. The nano-
scopic domain sizes then gradually increase with increasing
xprppc Uup to xpppc = 0.8. We did not detect additional phase
boundaries in this region (Fig. 4, light green region).
However, according to the results of the phase boundary
analysis shown in Fig. 5, phase boundaries must occur at
approximately ypppc = 0.46, and 0.89. Compared with
CFM data (Fig. 5) for GUVs, the phase boundary shift is
larger in the DLPC-rich phase (0.28 — 0.46) than in the
DPPC-rich phase (0.87 — 0.89) region. Fundamentally, our
new data supplement and extend the previously reported
GUV-based phase diagram; we also confirmed the mis-
cibility of DPPC in a DLPC-rich phase, a miscibility gap at
0.46 = xpppc = 0.89, and, finally, miscibility of DLPC in
a DPPC-rich phase at 0.89 = ypppc.

The phase boundary determination in Fig. 5 (using Egs. 1
and 2) involves the following two approximations. First, the
property that should be considered in this analysis with Eqgs.
1 and 2 is the molar ratio of the two phases at first-order
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FIGURE 6 Three-Component phase diagram for a supported lipid bilayer.
An AFM-derived phase diagram obtained using solid support is super-
imposed on a GUV-derived phase diagram. The AFM-derived phase
diagram is rotated counter clockwise relative to the GUV-derived original
phase diagram orientation due to substrate effects (black dotted line). A
larger substrate effect was seen in the DLPC-rich phase than in the DPPC-
rich phase. The AFM phase diagram also predicts two new phase boundary
values (xpppc = 0.45 and 0.89) at xno1 = 0. Individual AFM-derived phase
boundaries are connected to those on the GUV-derived phase diagram (red
dotted lines). Two solid red lines show the coexistence of phases due to solid
substrate effects. Blue lines are predicted phase boundaries and transition
regions based on AFM data. The phase diagram for the supported membrane
is based on the first bilayer in a monovalent buffer (5 mM PIPES, 200 mM
KCl, and 1 mM EDTA, pH = 7.0) formed over mica support via extruded
LUV adsorption.

coexistence. In both the AFM and CFM data, we determined
the ratio of the membrane areas occupied by the two phases,
FA, and used them in place of the molar ratio as an
approximation. However, the molecular areas of saturated
DLPC and DPPC are typically ~0.53 nm? in their gel phase
and ~0.65 nm? in their fluid, liquid-crystalline phase
(Marsh, 1990). The coexisting phases we observed at room
temperature are mixtures at different composition ratios
and may have similar molar area differences of & =
(0.65 — 0.53)/0.65 =2 20%. To translate the membrane
area fractions, FA4, in Fig. 5 to molar fractions, Fa, we
can deduce the shift to the leading order of 6 as Fa —
FA = FAX (FA — 1) X &. For 8 = 20%, this shifts all the
data points in Fig. 5 by less than 5%. Thus, this first
approximation does not modify significantly our phase
boundary determinations. As a second approximation, we
note that our phase balance analyses assume that the DLPC-
rich and the DPPC-rich phase areas change with total lipid
composition whereas the nature of the two phases, such as
their compositions, remains unchanged. With respect to the
phase-diagram (Fig. 6), this requires that the coexistence lines
at [chol] = 0.0 be horizontal. Because the actual coexistence
lines may be tilted slightly for the supported membrane (as
indicated in Fig. 6, and see below), our phase-boundary
values may also be only a close approximation. In summary,
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the above estimates for the phase boundaries along the DLPC
and DPPC mixtures line without cholesterol appear robust
both for GUV membranes and supported bilayers.

For the second aspect of the phase diagram, in the presence
of cholesterol, we estimate the phase boundaries from AFM
imaging data along the DLPC/DPPC line for ypppc = 0.6 and
0.7 to be similar but not identical to those seen in the original
GUYV phase diagram (Fig. 6). The domain structures at Ycpo
= 0.135 observed by AFM (Fig. 3 b) are consistent with
region D of the GUV phase diagram between 0.16 < ycpol <
0.25, where nanoscopic phase separations were inferred to
occur (Feigenson and Buboltz, 2001). Based on our data,
phase boundaries on mica supported membranes should
occur at two places, near Xcno; = 0.13 and ~0.3 (between
Xchol = 0.2 and 0.4). However, the first phase boundary at
Xechol = 0.13 would be diffuse because transitional micro-
scopic domain sizes were observed by AFM for both xpppc
= 0.6 (Fig. 3 b) and 0.7 (data not shown). Therefore, region D
in the original diagram is shifted to lower cholesterol values
and the phase transition may not be abrupt; a non-first-order
transition or continuous transition may occur between
regions B and D. In this transition region, a noticeable
increase in nanoscopic domains size (Fig. 3 b) indicates that
1), DPPC-rich domains are less likely to coalesce; 2), smaller
domains, if they exist, have an increased tendency to fuse;
and/or 3), there are fewer nucleation sites that can precipitate
phase transitions. Conversely, domain sizes between Xcho1 =
0.189 and 0.40 have size differences of about ~15 nm (data
not shown) and we represent these and similar phenomena as
adotted line between Yo = 0.2 and 0.4. The order and exact
location of this phase boundary remains to be determined.

For the remainder of the phase diagram, we predict the
existence of two-phase boundary paths connecting the GUV
phase diagram and the AFM-modified phase diagram (Fig. 6,
red dotted lines), and we depict a rotation of the entire phase-
plane and a tilting of coexistence lines (Fig. 6, solid red lines
on the mica-DPPC/DLPC plane). We denote the effect of
mica as a representation of the interactions that modify the
supported bilayers from the GUV membranes. In our AFM
study, however, entropy suppression (see below) adds to the
likelihood that a mica surface may shift the free-energy states
in ways dependent upon the lipid mixture, as evident by the
larger shift in the DLPC-rich phase, ypppc = 0.28 — 0.46
for xcnot = 0. This has the effect of rotating the phase plane
as well as tilting the coexistence lines. In GUVs, because
other factors such as the ionic strength of the buffer are
constant, the DLPC-rich/DPPC-rich phase coexistence line
appeared along the DPPC/DLPC line for o= 0. The tilt in
the phase-coexistence lines for the supported bilayer
explains why we observed a gradual increase in domain
size in the coexistence region when 0.46 = ypppc = 0.89
and Xchoi = 0. When the composition of the lipid mixture
changes along the line [chol] = O, both the nature of the
coexisting phases and the relative molar distribution of the
two phases change. The apparent linearity of the data in our
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phase balance analyses (Fig. 5) and the lack of dramatic
changes in the nanoscopic domain characteristics (Table 1),
however, suggest that the tilting in the phase diagram is
probably small, as we assumed for the coexistence boundary
estimation presented above.

Entropy suppression in supported membrane

The main thrust of our work was to estimate the effects of
a supporting substrate on a ternary phase diagram. The
primary factor affecting phase behavior equilibrium in
GUVs is the relative concentrations of DPPC, DLPC, and
cholesterol. The observed nanoscopic domain formations
and marked shifts in phase boundaries depend on inter-
actions the aggregate of which must be attractive between the
membrane and the solid (mica) surface. The mica surface
provides an extra stabilizing effect and suppresses movement
of the lipid molecules both within and outside of the
membrane plane (entropy suppression). Because the DLPC-
rich phase is fluid-like and the DPPC-rich phase is gel-like,
we expect a greater loss of entropy due to membrane
undulations for the DLPC-rich phase than for the DPPC-rich
phase. Thus, the free energy of the DLPC-rich phase is
shifted to a higher value relative to that of the DPPC-rich
phase. Therefore, this entropic effect causes the DLPC-rich
phase to be less stable than the DPPC-rich phase. Other
forces that can hold membranes to a mica support include an
electrostatic force (Egawa and Furusawa, 1999), hydropho-
bic and hydration forces, and van der Waals attraction forces
(Ederth et al., 1998; Muresan and Lee, 2001; Parsegian and
Evans, 1996). It is difficult to discriminate between the two
phases in a three-component system on the bases of these
force contributions. Therefore, we propose that in this
system entropy suppression is sufficient to cause the phase
shift that we have observed. In fact, it has already been
demonstrated that by AFM a phase transition temperature
shift to a higher temperature occurs in a mica-supported
dimyristoylphosphatidylcholine (DMPC) bilayer (Tokumasu
et al., 2002). A similar effect was observed for a DPPC
bilayer (data not shown). All the features depicted in Fig. 6
are consistent with the expectation that entropy suppression
from reduced membrane undulations is larger for the fluid-
like phase than for the gel-like phase.

Beyond the rationale for entropy suppression induced by
flat mica substrates, we recognize the possible effects of
partial membrane coverage and geometric constraints on
membrane properties. With partial membrane coverage, we
have membrane patch edges that may directly alter mem-
brane/mica interactions near the membrane edges or in-
directly alter the free energy contributions at the spatial scale
of patch sizes that are typically a few micrometers in our
membrane ensembles. It is interesting that the DPPC-rich
phase and not the DLPC-rich phase prefers membrane edges
as shown in Fig. 2, a and ¢, perhaps reflecting a combination
of factors. It is possible that domains rich in DPPC with longer
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acyl chains prefer membrane edges where semi-micelle-like
structures could theoretically form to cover hydrophobic
chains, minimizing the thermodynamic energy state, and
reduce bare substrate/patch line tension (May, 2000). Indeed,
line tension is a useful concept for understanding domain
shapes (e.g., Muresan and Lee, 2001) and is relevant to our
observations.

For the direct substrate-edge interactions, the characteris-
tic length scale is probably not greater than the size of the
nanoscopic domains, i.e., ~40 nm. If that is the case, then,
the relative area of the direct edge zones of our membrane
patches can be estimated as,

WNXLNNWNXZWR_WNXQ,
A T @R R’

3

where Wy is the diameter of the nanoscopic domain, Ly is
the length of the bilayer edges, and A4 is the area of the
membrane bilayer. Assuming Wy = 40 nm as the nano-
scopic domain size and R = 2.5 um as the radius of the
membrane patch, we estimate that only 3.2% of the area is
under the direct influence of membrane edge effects and
substrate interactions. In addition, we propose that the edges
and holes in the supported bilayer may have some indirect
effects on membrane properties. In fact, similar membrane
size limits and geometric constraints also play a role in the
behavior of GUV membranes and are especially involved
in lipid orientation/tilting orders (e.g., MacKintosh, 1994;
MacKintosh and Lubensky, 1991). However, the supported
bilayers in our experiments are often as large as our scan size
of 5 um. Therefore, nanoscopic domain size distributions per
se should not depend on the size of the supported membranes
we observed.

Our supported membranes were prepared in a monovalent
ionic buffer, which is known to favor uniform and relatively
weak membrane/mica attachments (Egawa and Furusawa,
1999). Membranes subjected to other environments may
respond differently, which would affect the offset of the
respective phase diagrams (cf. Fig. 6, in the mica support
direction). The observed domain formation and phase dia-
gram changes may be the consequence of different mem-
brane-forming lipid mixtures interacting with a uniform
support of the membrane along a rigid surface. Strong lo-
calized effects from the mica surface are probably not
significant in this system because the quantity and appearance
of the nanoscopic and microscopic domains are strongly
dependent on the lipid mixture composition. In a previous
study (Tokumasu et al., 2002), nonuniformities in local sur-
face properties could induce a slight phase transition temp-
erature shift within a single membrane, but were not strong
enough to induce the generation of structural domains. What
we have demonstrated here are the physical-chemical simi-
larities and differences between a free vesicle system and
a supported lipid bilayer that influence their lateral organiza-
tion and membrane domain structure.
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Biological implications and conclusion

In biological systems, cell membranes are often supported
and interact with cytoskeletal proteins, neighboring mem-
brane stacks, and extracellular matrices. In the case of a
polarized membrane, apical and basolateral membranes
interact differently with their immediate environments. For
example, an apical membrane encounters extrinsic materials
or agents, whereas basolateral membranes experience elec-
trostatic repulsions/attractive forces and ionic screening
effects mediated by intercellular fluids. These interactions
affect native lipid phase behavior. Proteins, alcohol, and
certain drugs can also alter membrane phase behavior and
structure (Mou et al., 1994; Lasch et al., 1998; Hata et al.,
2000). Cellular membranes are composed of a larger variety
of lipids than the three-component system described here.
Biological membrane heterogeneities, or membrane rafts, are
functionally important, complex structures (Anderson and
Jacobson, 2002; London and Brown, 2000). Nevertheless, it
is useful to apply our AFM-derived phase diagram to sup-
ported cell membranes by substituting the mica-support axis
with biologically relevant external agents and interactions.
The direction and degree of phase diagram modifications
will depend upon the net membrane charge, absolute inter-
active strength, membrane composition, and the degree of
membrane confinement. The entropy suppression effects on
lipid molecules by a solid support we report here are a
reasonable first approximation of the phase behavior of
native cell membranes.

Our direct observation and quantitation of nanoscopic
domains together with a theoretical analysis provide detailed
information on 1), domain formations of mixtures of DLPC,
DPPC, and cholesterol; 2), the relationship between micro-
scopic and nanoscopic domains; 3), the effect of a solid sup-
port on lipid phase behavior; and 4), some insights into the
mechanisms behind these observations. The phase behavior
and structural domain formation in an ionic environment
detected by AFM approximates cell membrane behavior en-
countered in a native environment and points the way to an
improved understanding of the physical chemical properties
of cell membranes and their associated physiology.
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